The study explored a modified primary culture system for fetal rat cortical neurons. Day E18 embryos from pregnant Sprague Dawley rats were microdissected under a stereoscope. To minimize enzymatic damage to the cultured neurons, we applied a sequential digestion protocol using papain and Dnase I. The resulting sifted cell suspension was seeded at a density of 50,000 cells per cm 2 onto 0.1 mg/mL L-PLL-covered vessels. After a four-hour incubation in high-glucose Dulbecco's Modified Eagle's Medium (HG-DMEM) to allow the neurons to adhere, the media was changed to neurobasal medium that was refreshed by changing half of the volume after three days followed by a complete medium change every week. The cells displayed progressively robust neurite extension, and nonneuronal-like cells could barely be detected by five days in vitro (DIV); cell growth was still substantial at 14 DIV. Neurons were identified by β-tubulin III immunofluorescence, and neuronal purity within the cultures was assessed at over 95% by both flow cytometry and by dark-field counting of β-tubulin III-positive cells. These results suggest that the protocol was successful and that the high purity of neurons in this system could be used as the basis for generating various cell models of neurological disease.
Introduction
The primary culture of fetal rat cortical neurons is widely used in cell models of many neurological disorders. However, owing to the complicated procedures involved in dissection and culture, a universally accepted protocol for their derivation has not yet been determined. Diverse techniques make it difficult to readily compare results obtained from different cell models and to repeat experiments in other laboratories. Therefore, it is essential to develop a simple and reproducible protocol for the study cell models. Here, we introduce a modified protocol for the primary culture of fetal rat cortical neurons.
Materials and Methods

Animals and Anatomy.
The research procedures involving animals were approved by the Ethics Committee of Southern Medical University. SPF-class E18 Sprague Dawley pregnant rats were sacrificed by cervical dislocation. All the surgical equipment used were sterilized in an autoclave prior to use. The sacrificed pregnant rat was immersed in 75% EtOH for short-term disinfection after the abdominal skin was prepared. The rat was covered by a sterile towel, and the abdominal cavity was exposed with hemostatic forceps. The uterus was removed by rotating clockwise from the left lower quadrant, and the mesometrium and blood vessels were removed along the line as shown (Figure 1(a) ), with care taken to maintain an intact uterus while minimizing bacterial contamination from any damaged intestines. The uterus was removed quickly and placed into a 100 mm sterile petri dish containing cold Hanks' balanced salt solution (HBSS) on ice (Figure 1(b) ). Two elbow tweezers were used to open the uterus and transfer the fetuses into another 100 mm sterile petri dish containing cold HBSS on ice (Figure 1(c) ). The placenta was removed, and the color, fetal movements, and number of stillbirths were recorded (Figure 1(d) ). 
Microsurgical Anatomy under Stereoscope.
All microsurgical equipment used was sterilized in an autoclave. The straight tweezers were held in the left hand to grip the neck of the fetus, while the right hand held the microsurgical elbow tweezers that were inserted into nose (forceps tip up). In a previously reported technique [1] , one side of the microsurgical elbow tweezers was inserted to dissociate the tissue (Figure 2(a) ), however, we found that this can cause inconsistent traction that can damage the cerebral hemispheres or the neck. Therefore, we modified the technique to insert the two legs of the tweezers simultaneously ( Figure 2(b) ). The expansion force of the tweezers was used to dissect with bilateral force while simultaneously removing tissue. The tweezers were then inserted at the intersection of the lambda suture to dissect the skull and dura mater (Figures 2(c) and 2(d)). The residual skull (Figure 3(a) ) and cerebral dura mater (Figure 3(b) ) were removed. Some previous reports [1] used microsurgical tweezers (forceps tip up) to lift the whole brain from the front edge and then separate the cerebral cortex, hippocampus, and cerebellum ( Figure 3(c) ). However, the tissue of the fetal rat brain is relatively soft, and we found that lifting the brain could be difficult and may damage the tissue. Instead, we used the two legs of the microsurgical tweezers to remove the cortex rather than the whole brain (Figure 3(d) ).
Dissection of the Pia
Mater and Blood Vessels. Some protocols say to dissect the cerebral cortex in cold PBS or HBSS [2, 3] . The dissection of the pia mater and blood vessels can take considerable time, and the metabolism of fetal rat neurons is very robust. Long exposure to a sugarfree environment could damage the neurons, even when kept on ice. Therefore, we rapidly transferred the dissected cerebral cortex to a 35 mm sterile petri dish containing cold HG-DMEM (containing 10% fetal bovine serum (FBS)) to provide energy for metabolism (Figure 4(a) ). Using the tip of a pair of microsurgical straight tweezers to hold the cortex in place, another pair of elbow tweezers was used to remove the remaining pia mater and blood vessels.
Notes. (1) Do not remove the pia mater and blood vessels from individual pieces of cortex as you dissect them. Rather, collect all of the fetal cortices quickly and remove the pia and blood vessels one-by-one in cold HG-DMEM (containing 10% FBS). (2) Take care when removing the pia mater and blood vessels (Figure 4 (b)), otherwise, following cell digestion, any presence of pia or blood vessels will increase the pipetting force, which could damage the neurons. Proliferation of contaminating cells from the pia mater and blood vessels could affect the experimental results and even cause neuronal death. FBS-free HG-DMEM) and cut into small pieces approximately 1 mm in length (or triturated by a fire-polished sterile Pasteur pipette). One side of the petri dish was slightly elevated to precipitate the tissue to the other side and aid in removing the culture medium. Papain (1 mL) dissolved in HG-DMEM (2 mg/mL) was added to the petri dish, and the tissue was digested for 30 minutes in a 37
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• C incubator. DNase I (200 μL) dissolved in HBSS (2.5 mg/mL) was then added for 30 seconds. Finally, 1 mL of FBS was added to terminate the digestion. Notes. Some protocols digest the tissue in centrifuge tubes [4, 5] . The result is that digestion is insufficient because the tissue precipitates at the bottom of the tube, while the upper tissue is overdigested. Our modification is to use a sterilized, disposable 35 mm petri dish for digestion, allowing the papain solution to form a broad, shallow layer and keep the tissue well distributed, which leads to a uniform digestion. Some protocols have recommended 0.125% or 0.25% trypsinization; although the digestive efficiency is good, it is difficult to control making it easy to digest the tissue excessively [6, 7] . Therefore, we have modified the procedure to a sequential digestion of papain and DNase I. Papain is mild and easy to control (we used FBS-free HG-DMEM to dissolve the papain to maintain neuronal metabolism). DNase I can break down the DNA of lysed cells that can tangle with tissue and prevent further digestion [8] .
Preparation of Cell Suspension.
The contents of the petri dish were transferred to a 15 mL sterile centrifuge tube. HG-DMEM was added to a volume of 10 mL, and a sterile fire-polished Pasteur pipette was used to triturate the cells gently for about 20 times while avoiding air bubbles that could result in oxidative damage to the cells [9] . A 100 μm sterile cell strainer was placed onto a 50 mL centrifuge tube to filter out any remaining tissue fragments after pipetting. The filtrate was centrifuged at 800 rpm for 5 minutes, and the supernatant was removed. HG-DMEM (containing 100 u/mL penicillin/streptomycin (P/S) and 10% FBS) was added to resuspend the cells prior to cell counting. Ideally, the cell mass should be less than 10% and the percentage of dead cells should be around 1% as revealed by 0.2% trypan blue staining.
Cell Seeding and Medium
Replacement. L-polylysine (L-PLL) was dissolved in HBSS to a final concentration of 0.1 mg/mL. Filter-sterilized (0.2 um) L-PLL solution was added to 6 well plates or 25 cm 2 culture flasks to coat their surface overnight in a 37
• C incubator. The plates or culture flasks were washed twice with HBSS and then air-dried in a biosafety cabinet. The density of cell suspension was adjusted to a seeding density of 50,000 cells per cm 2 . HG-DMEM was changed to neurobasal medium (containing 10% B27 supplement and 100 u/mL P/S) after four hours of incubation. The neurobasal medium was refreshed by exchanging half of the volume with fresh media three days later and then completely refreshed every week afterwards [10] . Cellular morphology was observed under an inverted phase contrast microscope. The majority of cells with round somas and a few neurites adhered well to the vessels by 4 h when the medium was initially changed. The cell somata show strong refractivity and stereoscopic perception; the cells exhibit progressively robust neurite extension that forms a network with neighboring neurons. Nonneural-like cells could barely be detected at 5 DIV (Figure 4(c) ), cell growth remained energetic at 14 DIV (Figure 4(d) ). a U-or V-shaped bottom should not be used) because it is almost impossible to ensure a consistent cell density from the edge to the center of a plate with more than 6 wells. Differences in cell density can lead to discrepancies in culture maturity. Concerning the choice of L-PLL, its standard molecular weights for cell culture use are 70,000-15,0000, 150,000-300,000, and >300,000. As the molecular weight increases, the adhesive strength increases as well but so does the difficulty in getting the L-PLL to dissolve. We used a molecular weight of L-PLL of 150,000-300,000. Previously reported working concentrations differ significantly from 0.01 mg/mL to 0.25 mg/mL [2, 3, 11] . For cell adhesion, the concentration should be kept as low as possible because L-PLL is cytotoxic (PLL that is used for immunohistochemistry should not be used, because some formulations contain preservatives that will kill the cells). The seeding density also greatly influences neuronal growth. A high density leads to contact inhibition, while low density affects maturity [12] . The seeding density has been calculated as the cell number per ml in some reports [7] . It is not conducive to compare these results because neurons show adherent growth. Therefore, it is more appropriate to calculate the seeding area based on the area of the culture vessels [13] . Shaking the vessels in a linear motion helps to produce a uniform distribution of the cell suspension; a circular motion will cause the cells to become concentrated in the center of the vessel, resulting in nonuniform growth. We observed optimal results when the first medium replacement occurred at 4 h. At a time earlier than 4 h, some neurons that had not yet adhered are washed away or flow to the other side of the vessel to adhere, resulting in low or nonuniform seeding. In contract, after a period of longer than 12 h, cell debris will also adhere firmly, which has a direct influence on neural survival and metabolism. Additionally, glial cells begin to divide after 12 h, and at this point cytarabine must be added to inhibit glial cells and improve neural purity [5, 10] ; cytarabine is cytotoxic to neural function. Frequent medium replacement is not suitable, as changing the neurobasal medium in short intervals will remove released factors from the environment [14] .
Results and Discussion
Neuronal Identification by Immunofluorescence at 5 DIV [15] . The neurons were fixed with 4% paraformaldehyde at 37
• C for 1 h and then washed three times with HBSS. Primary antibody (1 : 100 rabbit anti-rat β-tubulin III containing BSA and triton X-100) was added to the vessel surface for a 2 h incubation at 37
• C, and the cells were then washed three times with HBSS. An Alexa Fluor 488-labeled goat anti-rabbit IgG (1 : 200) and the DNA-binding dye 4,6-diamidino-2-phenylindole (DAPI) were added for a 1 h incubation at 37
• C in the dark. Fluorescence images were acquired with an Olympus inverted microscope equipped with a CoolLED fluorescent light source. Nearly all of the cells were DAPI-( Figure 5(a) ) and β-tubulin III-positive ( Figure 5(b) ). The determination of neuronal purity using dark field imaging suggests that the percentage of β-tubulin III-immunostained neurons was over 95% (Figure 5(c) ); accordingly 96.8% were identified as neurons when assessed by flow cytometry ( Figure 6 ). Interestingly, we found neurons exhibit auto-fluorescence in the negative control group, regardless of whether the primary, secondary, or no antibody was added. We speculate that the nonspecific autofluorescence may come from tissue fragments or mixed cells ( Figure 5(d) ).
Conclusion
With the development of cell technology, primary neuronal culture has been widely applied in studying cell function, neurodevelopment, and neurological diseases. Neurons can be cocultured with endotheliocytes and astrocytes to mimic neurovascular units in vitro [16] for the purposes of studying the blood-brain barrier [17] . Every neurodevelopmental stage can be studied depending on the culture time [18] . Local neuronal plasticity can also be observed separately [19, 20] . However, the steps involved in creating primary cultures of fetal rat cortical neurons are tedious, and any mistakes made in the steps of their generation can lead to failure of that culture. Researchers all over the world constantly improve their corresponding protocols. Therefore, determining a consistent protocol is essential for the ability to compare experimental results from different laboratories. This study modifies several steps from microsurgical dissection to primary culture to generate a high-purity culture of neurons that can be the basis for various cell models used to study neurological diseases.
